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Abstract 

The mineralization of soil organic phosphorus (P) is catalysed by extracellular phosphatases that 

hydrolyse different non-phytate phosphomonoesters (e.g., sugar phosphates and nucleotides), inositol 

phosphates (e.g., phytic acids), and phosphodiesters (e.g., nucleic acids, phospholipids). The 

availabilities of both the organic P compound and the respective phosphatase enzyme jointly determine 

whether the hydrolysis reaction is substrate limited (enzyme availability > substrate availability) or 

enzyme limited (enzyme availability < substrate availability), with potential consequences for overall 

organic P composition and accumulation in soil. Our objective was to evaluate whether the hydrolysis 

of various organic P compounds in soil is limited by availability of substrate or enzyme. To this end, we 

combined the principles of enzyme activity assays and enzyme addition assays. Ten soils with 

contrasting properties and origins received either model organic P substrate, specific phosphatases or a 

combination of both, added either to a soil:water suspension or a soil:water filtrate. Soil indigenous 

activity of phosphatases was low in all filtrates, confirming that enzymes were mostly associated with 

the solid fraction of the soil. In soil suspensions, the rapid hydrolysis of added non-phytate 

phosphomonoester substrate by soil indigenous enzymes indicated high availability of non-phytase 

phosphomonoesterase enzymes. In combination with the low availability of non-phytate 

phosphomonoester substrate in soil suspensions, determined by adding enzymes to the suspensions, this 

indicated a substrate limitation for the hydrolysis of non-phytate phosphomonoesters in soil. In contrast, 

enzyme-limitation was found for phytate and phosphodiesters. A review of the available literature on 

the production, stabilization and hydrolytic activity of each of the three analysed organic P substrates 

and the respective enzymes supported our findings. We therefore suggest that not only the production 

and stabilization but also differences in available phosphatase enzymes strongly determine the 

occurrence of specific organic P compounds in soil. 

1. Introduction 

Between 20 and 80 % of soil phosphorus (P) can be present in organic form (Harrison, 1987). The 

mineralization of organic P is catalysed by extracellular enzymes, in particular by phosphatase enzymes 

(Nannipieri et al., 2011) and results in the release of bioavailable orthophosphate. Phosphatases are 

grouped into different classes by the Nomenclature Committee of the International Union of 

Biochemistry and Molecular Biology, depending on the compounds they are able to hydrolyse. 

Phosphomonoesterases include acid and alkaline phosphomonoesterases which hydrolyse 

phosphomonoester bonds in compounds such as mononucleotides and sugar phosphates (EC 3.1.3). 

Another class of phosphomonoesterases are phytases, which hydrolyse the phosphate groups from (myo-

)inositol hexakisphosphate, also known as phytate (EC 3.1.3.8, EC 3.1.3.26, EC 3.1.3.72). 
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Phosphodiesterases hydrolyse one or two ester bonds in phosphodiesters such as nucleic acids (EC 

3.1.4).  

Phosphatases are actively excreted by plants, fungi and microorganisms to satisfy their demand for 

orthophosphate (Tarafdar and Claassen, 1988; Macklon et al., 1997; Vance et al., 2003; Richardson et 

al., 2009). Several microorganisms and plants constitutively produce phosphatases and thus constantly 

release these enzymes into their environment (Weimberg and Orton, 1963; Allison and Vitousek, 2005). 

Production of phosphatases can also be induced by low available P concentrations and repressed by high 

P concentrations (Nannipieri, 1994; del Pozo et al., 1999; Wasaki et al., 2003). Enzyme activity is 

somewhat sustained when stabilized on soil mineral and organic surfaces (Burns et al., 2013). 

Ultimately, the active excretion of phosphatases or their release by cell lysis after death results in the 

build-up of indigenous soil phosphatase activity derived from plants, fungi and bacteria.  

While the overall relevance of phosphatase enzymes for the hydrolysis of organic P is evident, the 

relative importance of specific phosphatases for soil organic P hydrolysis is unclear. Several factors 

determine the availability of both specific phosphatases and specific organic P compounds in soil; their 

release by soil biota and plants into soil and their degree of stabilization on the soil solid phase (Celi and 

Barberis, 2005; Datta et al., 2017). Additionally, enzymatic activity may change under different 

environmental conditions (e.g., temperature or pH). The hydrolysis of soil organic P by phosphatases 

can be limited either by enzyme or substrate availability (Figure 1a). In an enzyme-limited situation, 

more substrate is available than the available enzymes are able to hydrolyse; this may lead to a build-up 

of substrate. Such an enzyme-limited situation was, for example, observed in peatlands, where the 

limited activity of phenol oxidase enzymes resulted in accumulation of organic carbon (Freeman et al., 

2004). In a substrate-limited situation, more enzyme is available than the respective substrate, as recently 

detected for the depolymerisation of soil proteins (Noll et al., 2019). In the rare case that substrate 

availability equals enzyme availability, neither factor limits the enzyme-catalysed substrate hydrolysis. 

Thus, substrate-limited or enzyme-limited conditions in soil may influence the overall quantity and 

composition of soil organic P. 

Some studies have addressed the effects of different phosphatase activities on soil organic P 

mineralization and organic P composition. The potential activity of non-phytase phosphomonoesterases 

in several soils was higher than that of phosphodiesterases (Eivazi and Tabatabai, 1977; Dick and 

Tabatabai, 1984; Turner and Haygarth, 2005), suggesting a limitation of phosphodiester decomposition 

by low phosphodiesterase activity. A similar observation was made in a geosequence of beech forest 

soils with low to high P stocks, where soils with lowest P stocks showed the widest ratios of non-phytase 

phosphomonoesterase to phosphodiesterase (Lang et al., 2017). Reports on the mineralization rates of 

specific organic P compounds in soil likewise suggest that phosphodiesters and phytate are hydrolysed 

more slowly than non-phytate phosphomonoesters (Fransson and Jones, 2007; Doolette et al., 2010; 
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Darch et al., 2014). In addition, the hydrolysis of organic P compounds is likely affected by spatial 

separation of enzymes and substrates, potentially resulting in only a small fraction of total soil organic 

P available for enzymatic hydrolysis. This concept is in accordance with the claim that stabilization of 

soil organic matter occurs through environmental and biological controls rather than through the 

inherent recalcitrance of soil organic matter fractions (Schmidt et al., 2011), but has not been tested 

specifically for soil organic P. 

Our objective was to evaluate whether the hydrolysis of various organic P compounds in soil is limited 

by substrate or enzyme availability. To this end, we combined the principles of enzyme activity assays 

and enzyme addition assays. In enzyme activity assays, an excess of substrate is added to a sample in 

order to quantify the activity of enzymes; the aim of enzyme additions is to characterize the availability 

of substrates for enzymatic hydrolysis (Bünemann, 2008). Our approach is shown in Figure 1b for the 

three main classes of organic P substrates in soil that are hydrolysed by enzymes. First, the availability 

of a given organic P substrate for enzymatic hydrolysis is determined based on the increase in 

orthophosphate upon addition of the respective phosphatase enzyme. Second, the availability of 

indigenous enzymes to hydrolyse a given organic P substrate is derived from the increase in degradation 

product upon addition of the substrate to a sample. Third, both substrate and enzyme are added in order 

to exclude inhibition of added enzyme in the sample and to account for incomplete recovery of 

orthophosphate when working with P-sorbing samples such as soil:water suspensions. Last, the sample 

is incubated in the absence of any added substrate or enzyme to determine background orthophosphate 

levels. If the first assay indicates presence of hydrolysable substrate in the sample, comparison of the 

second and third assays makes it possible to distinguish enzyme-limited from substrate-limited 

hydrolysis. If addition of substrate alone or substrate and enzyme together yield similar recoveries of 

hydrolysis product, then substrate limitation is indicated. 

We applied this approach to soil:water suspensions and soil:water filtrates. To date, enzyme addition 

assays have been applied mostly to soil:water filtrates, but soil:water suspensions more closely resemble  

indigenous conditions. Also, most indigenous enzyme activity is located on the soil solid phase and is 

thus excluded from filtrates. The soils studied here were previously characterized using 31P nuclear 

magnetic resonance (NMR) spectroscopy and adding enzymes to alkaline soil extracts (Jarosch et al., 

2015). This identified inositol phosphate P as the largest identifiable organic P class in most soils, 

followed by non-phytate phosphomonoesters (“monoester-like P”, excluding yet unidentified 

monoesters (McLaren et al., 2019)). We hypothesized that the hydrolysis of phytate as a typically 

dominant soil organic P class is enzyme-limited, whereas the hydrolysis of less abundant organic P 

classes (non-phytate phosphomonoesters and phosphodiesters) is substrate-limited. This hypothesis was 

tested by conducting the assays in soil:water suspensions. In contrast, we expected hydrolysis of all 

organic P classes to be enzyme-limited in soil:water filtrates due to the generally low concentrations of 
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enzymes in filtrates. Finally, we hypothesized that our approach of identifying a substrate limitation or 

enzyme limitation for the hydrolysis of specific organic P compounds in soil would be applicable to a 

wide range of soil types. 

2. Material and Methods 

2.1 Soil origin 

Ten soils with different properties (pH, texture, P content), origin (Africa, Australia, Europe and South 

America), and land use (grassland and arable land) were used in this study (Table 1). The soils were air-

dried and passed through a 2 mm mesh sieve, except for Cambisol (2) for which a 0.5 mm sieve was 

used to remove coarse particles clogging the pipette tip when working with soil:water suspensions. 

Organic P in alkaline soil extract had been previously been characterised for these soils, together with 

some additional soil properties (Jarosch et al., 2015).  

2.2 Determination of enzyme or substrate limitations 

We determined whether organic P hydrolysis was limited by enzyme availability or substrate availability 

using both soil:water suspensions and soil:water filtrates. Suspensions or filtrates were incubated in four 

subsets; either 1) with addition of substrate specific enzymes, 2) with addition of specific organic P 

substrates, 3) with addition of both substrate specific enzymes and substrate, or 4) without any additions 

(Figure 1b).  

The substrate specific phosphatases used were; i) a phosphomonoesterase without phytase activity (acid 

phosphatase from potato, Sigma P1146, 50 units diluted in 15 ml H2O to reach a catalytic activity of 

55.5 nkat ml-1), ii) a phytase from Peniophora lycii (Ronozyme® NP (Novozyme), 550 nkat ml-1), and 

iii) a phosphodiesterase (nuclease from Penicillium citrinum, Sigma N8630, 0.167 mg diluted in 1 ml 

H2O, 550 nkat ml-1). These enzymatic activities had previously been determined sufficient to hydrolyse 

added organic P model compounds in a similar setup for organic P characterisation in soil:water 

suspensions and soil:water filtrates (Annaheim et al., 2013). 

The model organic P compounds used as specific organic P substrates in concentrations of 0.23-0.30 

mM P were; i) a phosphomonoester (glycerol phosphate disodium salt hydrate (GP), Sigma G6501), ii) 

phytate (phytic acid sodium salt hydrate (Ins6P), Sigma P8810), and iii) a phosphodiester 

(desoxyribonucleic acid from herring sperm (DNA), Sigma D3159).  

Soil suspensions (two to three replicates for each soil) of 10 g dry soil with 100 ml autoclaved deionized 

water were prepared in an overhead shaker for 16 h. Soil suspensions were stirred vigorously during 

sampling to ensure homogeneous sample transfer. Soil filtrates were obtained from each soil suspension 

by filtering through a 0.2 µm cellulose filter (Minisart®NML, Sartorius, Göttingen, Germany). Two 

hundred µl soil suspension (using wide mouth tips to avoid clogging) or filtrate were transferred into a 
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96-well microtiter plate (polystyrene, Greiner Bio-one GmbH, Frickenhausen, Germany) containing 40 

µl MES buffer (4-Morpholine-ethanesulfonic acid monohydrate, Sigma 69892, pH 5.2). When working 

with soil suspensions, MES buffer contained soil specific EDTA additions (see supplementary material) 

to reduce the soil P-sorption capacity and to increase recovery of enzymatically released orthophosphate. 

In accordance with each subset, model compound solution (20 µl) and/or substrate specific enzyme 

solutions (20 µl non-phytase phosphomonoesterase, 40 µl phytase, 20 µl phosphomonoesterase 

combined with 20 µl phosphodiesterase) were subsequently added. Since the phosphodiesterase 

hydrolyses only one of the two ester bonds in phosphodiesters, it was combined with the non-phytase 

phosphomonoesterase to ensure complete hydrolysis of all phosphodiesters. The following controls 

were included: stability of all model compounds against autohydrolysis was assessed by incubating 20 

µl of model compound solution in buffered solution, and catalytic activity of added enzymes was 

assessed by incubating 20 or 40 µl of the respective enzyme solution with 20 µl of the respective model 

compound solution in a buffered solution only. Between four and eight analytical replicates (wells) were 

made for each subset. After addition of buffer, suspension or filtrate, model compounds, and enzymes, 

all wells were filled with water to 300 µl final volume per well. Thereafter, plates were sealed with self-

adhesive film (BRAND nr. 781390) and incubated for 24 h at 37°C by horizontal shaking at 400 rpm 

(VorTempTM 56). After incubation, microtiter plates containing soil suspensions were centrifuged at 

2190 g before P quantification. All solutions used were prepared with autoclaved deionized water to 

guarantee sterility. 

We realise that a limitation of our study was that all soil suspensions and filtrates were incubated at a 

constant pH of 5.2, which may not be the optimal pH for all soil derived phosphatases to hydrolyse the 

added organic P substrate. However, we think this factor was negligible, considering both the broad 

range of pH values under which most described phosphatases are active, and the favourable conditions 

(temperature, shaking, time) provided for their performance. Additionally, we realize that the addition 

of ETDA may not only affect the release of MRP into soil solution (see supplementary material) but 

also the release of MUP compounds. We are not aware of any study testing for this process. However, 

the only artefact that potentially could be created is a higher proportion of specific MUP compounds in 

soil:water filtrates what were previously sorbed on the soil solid phase and would be detected in 

soil:water suspensions.  

2.3 Determination of P concentrations 

Concentrations of orthophosphate were determined colorimetrically using malachite green (Ohno and 

Zibilske, 1991) and are given as molybdate-reactive P (MRP), due to the well-known limitations with 

colorimetric determination of orthophosphate (Worsfold et al., 2005). Organic P was determined as the 

difference between total P and MRP. Organic P is referred to here as molybdate-unreactive P (MUP) 

since not only organic P but also polyphosphates (condensed inorganic phosphates), orthophosphate 
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sorbed onto colloids or organic matter, and phosphate minerals are molybdate-unreactive (Sinaj et al., 

1998; Gerke, 2010). 

For MRP quantification from samples in microtiter plates, 30 µl (for soil suspensions) or 200 µl (for soil 

filtrates) of supernatant were transferred to another microtiter plate and 170 µl of water were added to 

the samples from soil suspensions. Samples were then mixed with 50 µl of each of the two malachite 

green reagents and absorbance was read at 620 nm in a plate reader (EL 800, Biotek) after one hour. For 

all other MRP determinations, 1 cm cuvettes and sample aliquots between 0.25 and 1 ml were used. 

Water was added to reach a final volume of 2 ml before 0.4 ml of each malachite green reagent was 

added. Samples were analysed at 610 nm (UV-1800 Shimadzu Spectrometer) after one hour. 

Due to low sample volume per well, total P could not be determined directly in the supernatant of the 

microtiter plates. Therefore, buffered soil suspensions or filtrates without addition of enzymes were 

incubated simultaneously with microtiter plates under 50 times up-scaled conditions. To this end, 10 ml 

of suspension or filtrate were mixed with 2 ml MES buffer (pH 5.2, final molarity 0.2, containing soil 

specific EDTA additions for soil suspensions, see supplementary material) and 3 ml H2O in 50 ml 

polypropylene conical centrifuge tubes. Extracts were incubated and gently shaken for 24 h at 37°C. 

Soil suspensions were centrifuged (2190 g). Concentrations of MRP and total P were determined in the 

soil suspension supernatant or soil filtrate.  

Total P concentrations of soil suspensions, soil filtrates and organic P model compounds were 

determined by digestion of 0.2 – 2 ml sample aliquots with 2 ml digestion mix (6 g ammonium 

persulphate in 100 ml 0.9 M H2SO4) in an autoclave, followed by colorimetric MRP determination. In 

filtrates, the MRP concentrations detected in plates and in the up-scaled experiment correlated well with 

each other (supplementary material, Figure S2). In soil suspensions, however, the up-scaling did not 

always produce MRP concentrations similar to those in microtiter plates (supplementary material, 

Figure S3). Additionally, in some soils we observed different concentrations of soil suspension total P, 

depending on whether the centrifuge tube used for upscaling was upright or horizontal while shaking. 

No clear trend for higher or lower MRP concentrations related to shaking position was observed. 

Consequently, both shaking positions were maintained. For data analysis, those samples were selected 

which had the closest MRP compared to MRP detected in microtiter plates (mean deviation from up-

scaling from MRP in microtiter plate = 13 % ± 33 % standard deviation). For filtrates, MRP and total P 

were determined at two time points; first at time point zero, i.e., after 16 h shaking and filtering of the 

soil suspension (MRPt0 and Total Pt0); second, after 24 h of incubation (MRPt24 and Total Pt24). MUP in 

filtrates was calculated only after 24 h of incubation (MUPt24) by difference between Total Pt24 and 

MRPt24. 
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2.4 Calculations and statistical analyses 

Availability of active soil enzymes was assessed by determining the fraction of total P in model 

compounds that was released as the enzymatic hydrolysis product orthophosphate (MRP). To make this 

determination, the MRP released from buffered sediments or filtrates and from model compounds was 

corrected for background MRP in filtrate or suspension and background MRP in model compounds. 

Degree of model compound hydrolysis in suspensions or filtrates by indigenous phosphatases was 

determined as follows:  

𝐻𝑦𝑑𝑟𝑜𝑙𝑦𝑠𝑖𝑠 𝑜𝑓 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑 𝑏𝑦 𝑖𝑛 𝑠𝑖𝑡𝑢 𝑝ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑎𝑠𝑒𝑠 (%)

=  

(

𝑀𝑅𝑃 𝑖𝑛 𝑠𝑢𝑠𝑝𝑒𝑛𝑖𝑠𝑖𝑜𝑛 𝑜𝑟 𝑓𝑖𝑙𝑡𝑟𝑎𝑡𝑒 𝑖𝑛𝑐𝑢𝑏𝑎𝑡𝑒𝑑 𝑤𝑖𝑡ℎ 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑
− 𝑀𝑅𝑃 𝑖𝑛 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑

− 𝑏𝑎𝑐𝑘𝑔𝑟𝑜𝑢𝑛𝑑 𝑀𝑅𝑃 𝑖𝑛 𝑠𝑢𝑠𝑝𝑒𝑛𝑠𝑖𝑜𝑛 𝑜𝑟 𝑓𝑖𝑙𝑡𝑟𝑎𝑡𝑒
) 

𝑇𝑜𝑡𝑎𝑙 𝑃 𝑖𝑛 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑
 

(1) 

Similarly, degree of model compound hydrolysis in suspensions or filtrates by both indigenous and 

added substrate specific phosphatases was determined as follows:  

𝐻𝑦𝑑𝑟𝑜𝑙𝑦𝑠𝑖𝑠 𝑜𝑓 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑢𝑛𝑑 𝑏𝑦 𝑖𝑛 𝑠𝑖𝑡𝑢 𝑎𝑛𝑑 𝑎𝑑𝑑𝑒𝑑 𝑝ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑎𝑠𝑒𝑠 (%)

=  
(

 
 

𝑀𝑅𝑃 𝑖𝑛 𝑠𝑢𝑠𝑝𝑒𝑛𝑖𝑠𝑖𝑜𝑛 𝑜𝑟 𝑓𝑖𝑙𝑡𝑟𝑎𝑡𝑒 𝑖𝑛𝑐𝑢𝑏𝑎𝑡𝑒𝑑 𝑤𝑖𝑡ℎ 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑 
𝑎𝑛𝑑 𝑠𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒 𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐 𝑝ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑎𝑠𝑒𝑠

− 𝑀𝑅𝑃 𝑖𝑛 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑
− 𝑀𝑅𝑃 𝑖𝑛 𝑒𝑛𝑧𝑦𝑚𝑒𝑠

− 𝑏𝑎𝑐𝑘𝑔𝑟𝑜𝑢𝑛𝑑 𝑀𝑅𝑃 𝑖𝑛 𝑠𝑢𝑠𝑝𝑒𝑛𝑠𝑖𝑜𝑛 𝑜𝑟 𝑓𝑖𝑙𝑡𝑟𝑎𝑡𝑒 )

 
 
 

𝑇𝑜𝑡𝑎𝑙 𝑃 𝑖𝑛 𝑚𝑜𝑑𝑒𝑙 𝑐𝑜𝑚𝑝𝑜𝑢𝑛𝑑
 

(2) 

Available substrate of specific organic P compounds in a given sample (soil suspension or soil filtrate) 

by addition of substrate specific enzymes was calculated as follows: 

𝑂𝑟𝑔𝑎𝑛𝑖𝑐 𝑃 𝑠𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒 𝑐𝑙𝑎𝑠𝑠 𝑖𝑛 𝑠𝑎𝑚𝑝𝑙𝑒

= 𝑀𝑅𝑃 𝑖𝑛 𝑠𝑎𝑚𝑝𝑙𝑒 𝑖𝑛𝑐𝑢𝑏𝑎𝑡𝑒𝑑 𝑤𝑖𝑡ℎ 𝑠𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒 𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐 𝑝ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑠𝑒𝑠

− 𝑀𝑅𝑃 𝑖𝑛 𝑎𝑑𝑑𝑒𝑑 𝑠𝑢𝑏𝑠𝑡𝑟𝑎𝑡𝑒 𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐 𝑝ℎ𝑜𝑠𝑝ℎ𝑎𝑡𝑎𝑠𝑒 𝑒𝑛𝑧𝑦𝑚𝑒𝑠

− 𝑏𝑎𝑐𝑘𝑔𝑟𝑜𝑢𝑛𝑑 𝑀𝑅𝑃 𝑖𝑛 𝑠𝑢𝑠𝑝𝑒𝑛𝑠𝑖𝑜𝑛 𝑜𝑟 𝑓𝑖𝑙𝑡𝑟𝑎𝑡𝑒 

(3) 

In soil suspensions, the incomplete recovery of MRP as hydrolysis product (as determined by an 

orthophosphate spike) ranged from 28 – 73 % recovery and this was additionally corrected for (see 

supplementary material, Figure S1). 

Four organic P substrate classes were quantified:  
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i. Monoester-like P: MUP hydrolysed by acid non-phytase phosphomonoesterase 

ii. Diester-like P: MUP hydrolysed by phosphodiesterase in combination with acid non-phytase 

phosphomonoesterase minus monoester-like P 

iii. Phytate-like P: MUP hydrolysed by phytase minus monoester-like P (since the phytase used 

also hydrolysed non-phytate phosphomonoesters) 

iv. Enzyme-stable P: MUP not hydrolysed by any of the enzyme treatments. 

Since the calculations to determine different organic P classes were based on the subtraction of P 

concentrations in enzyme-treated and untreated extracts and background concentrations in enzyme 

solutions, negative values were sometimes obtained. If three or fewer of the eight plate wells containing 

the same sample were negative, those values were omitted. When more than three out of eight wells 

containing the same sample were negative, the enzyme hydrolysable MUP class in the particular extract 

was set to zero. Even after microtiter plates incubated with soil suspensions were centrifuged, particles 

were occasionally transferred to the microtiter plate for colorimetry, impeding the reliable determination 

of MRP concentrations by colorimetry (interference with particles). Such individual pipetting replicates 

were removed as well, mostly for Cambisol (2). 

Increases in MRP by enzymatic hydrolysis have to be quantified against soil specific MRP background 

concentrations in soil suspensions and filtrates. For that reasons, soil-specific limits of detection (DL) 

and limits of quantification (QL) for enzyme-labile MUP classes (monoester-like P, diester-like P and 

phytate-like P) were determined for soil suspensions and filtrates following the recommendations of 

MacDougall and Crummett (1980) 

𝐷𝐿 = 𝑚𝑒𝑎𝑛𝐵 +  3 × 𝑠𝑡𝑑𝑒𝑣𝐵 

(4) 

and  

𝑄𝐿 = 𝑚𝑒𝑎𝑛𝐵 +  10 × 𝑠𝑡𝑑𝑒𝑣𝐵 

(5) 

where meanB and stdevB are the average and standard deviation of a blank. Soil MRP concentrations 

from eight analytical replicates per microtiter plate were chosen as blanks in this case, since enzyme-

labile P is quantified as the difference in MRP between samples amended and not amended with 

substrate specific enzymes. The DL and QL are shown as the mean of two or three replicates, and are 

reported without the mean background MRP concentration for each soil individually. 

A Kruskal-Wallis test was performed to test for significant differences in the degree of hydrolysis of 

model compounds either by indigenous enzymes alone or with added substrate specific enzymes. 

Statistical analyses and figures were made using the software R (R Development Core Team, 2010). 
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3. Results 

3.1 Substrate availability 

Availability of specific organic P substrates in soil suspensions and soil filtrates was estimated by adding 

substrate specific phosphatases to soil suspensions and soil filtrates. We decreased soil P sorption and 

increased MRP recovery by soil-specific EDTA additions to soil suspensions (supplementary material, 

Figure S1). In suspensions, the characterisation of different MUP classes was possible for only three of 

the ten analysed soils; Luvisol (1), Cambisol (3), and Ferralsol (1), and was not dependent on MUP 

concentration, which ranged from 0.2 to 27.8 mg kg-1 in the ten soils (Table 2). Phytate-like P was found 

only in Cambisol (3), while monoester-like P and diester-like P were detected in all three soils, but in 

lower concentrations. In Luvisol (1) and Cambisol (3), the sum of enzyme-labile MUP was higher than 

total MUP in the sample, owing to difficulties in finding an ideal up-scaling condition for total P 

determination (Section 2.3, supplementary material, Figure S3). The calculated DLs were relatively high 

for all soil suspensions (0.3 – 8.8 mg kg-1 soil), due to the increased background MRP concentrations 

by soil-specific EDTA additions and some variability in quantified MRP. In filtrates (Table 3), the 

quantification of organic P substrate was limited due to low MUPt24 concentrations, ranging from 0.1 – 

6.7 mg kg-1. Phytate-like P was the most prominent enzyme-labile MUP class, detected in eight of ten 

soils (0.1 – 0.6 mg kg-1). Monoester-like P and diester-like P were found in concentrations lower than 

0.1 mg P kg-1, except for Cambisol (2) with 2.6 mg kg-1 monoester-like P and Cambisol (3) with 0.3 mg 

P kg-1 diester-like P. In several cases concentrations were below the QL or even below the DL (Table 

3). Enzyme-stable P was the dominant MUP fraction in eight of the ten analysed soils. In summary, the 

mean availability of MUP substrate in soil filtrates could be ranked as enzyme-stable P >> phytate-like 

P > diester-like P ≥ monoester-like P.  

3.2 Enzyme availability 

Availability of specific soil derived phosphatases in soil suspensions and filtrates was determined by 

assessing the degree of model compound hydrolysis after addition to soil suspensions and filtrates 

(Figure 2). High indigenous activities of non-phytase phosphomonoesterases resulted in the hydrolysis 

of the added non-phytate phosphomonoester substrate (GP) in all soil suspensions (5-63%, mean 40%) 

and in three soil filtrates (56-87%, mean of all ten soils: 29%), indicating high enzyme availability. In 

contrast, soil-derived phytases and phosphodiesterases showed little hydrolytic activity in response to 

the added model compounds Ins6P and DNA in both suspensions and filtrates (mean 6%), indicating 

low availability of both enzymes. This applied also to the seven soil filtrates in which little hydrolysis 

of added GP was observed. 

When the model compounds were added in combination with the respective phosphatase enzymes, full 

hydrolysis of all model compounds was observed in filtrates. Thus, unfavourable conditions for soil-
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derived enzymes can be excluded as an explanation for the absence of added model compound 

hydrolysis. In soil suspensions, the percentage of model compound hydrolysis after addition of the 

respective enzyme(s) ranged from 19 to 100 % (mean 54 %). An apparently incomplete hydrolysis after 

adding an excess of enzyme(s) with the substrate can be explained by the partial recovery of the 

hydrolysis product MRP due to its rapid sorption onto the soil solid phase. Importantly, no additional 

hydrolysis of GP was observed in soil suspensions after addition of the respective enzyme acid 

phosphomonoesterase (Kruskal-Wallis test, Figure 2a), suggesting that all the added substrate (GP) had 

already been fully hydrolysed by soil derived non-phytase phosphomonoesterases. 

In the absence of soil suspension or soil filtrate, all model compounds remained stable and were always 

completely hydrolysed when incubated with the respective enzyme(s) in buffered solution (data not 

shown), indicating sterile preparation and ideal incubation conditions. 

4. Discussion 

Limitations to organic P hydrolysis depended on sample type. In soil:water filtrates, hydrolysis of all 

organic P classes was enzyme-limited, in accordance with our second hypothesis. In soil:water 

suspensions, however, we consistently demonstrated that the hydrolysis of non-phytate 

phosphomonoesters was driven by comparatively low substrate availability in combination with high 

enzyme availability. Thus, the hydrolysis of non-phytate phosphomonoesters in suspensions was 

determined to be substrate limited. In contrast, the availability of phosphodiesters and phytate in 

soil:water suspensions was similar to or higher than that of non-phytate monoesters, with little 

availability of the respective indigenous phosphatases. The hydrolysis of both phosphodiesters and 

phytate in suspensions was therefore enzyme limited. With respect to phosphodiesters, this was in 

contrast to our first hypothesis.  

Our approach to determine substrate limitation or enzyme limitation for specific organic P compounds 

was applicable in the ten tested soils with strongly differing properties and origins, confirming our third 

hypothesis. Due to the differences in findings in soil:water filtrates and soil:water suspensions, we first 

discuss the findings in filtrates, then discuss substrate-limitation vs. enzyme-limitation in soil 

suspensions. 

4.1 Enzyme-limited hydrolysis of all organic P classes in soil filtrates 

In soil filtrates, little hydrolysis of any of the added organic P substrates was found in the absence of 

added enzymes, except for GP in three filtrates (Figure 2b). This is in agreement with other studies in 

which only a small fraction of soil phosphatase activity was found in soil water filtrates compared to 

soil suspensions (Kandeler, 1990; George et al., 2005a). Greater hydrolysis of added GP occurred in 

filtrates of grassland soils (8-87%; mean 51%) than of arable soils (4-10%; mean 7%). A similar land-

use effect was observed in soils from both the boreal and the temperate zones (Wallenius et al., 2011; 
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Lebrun et al., 2012). It is likely that a small fraction of enzymes was desorbed from the soil solid phase 

during preparation of the soil suspensions and transferred to the filtrates. Interestingly, we found a 

positive linear correlation between the soils’ silt content and the percentage of non-phytate 

phosphomonoester (GP) hydrolysed by soil-derived enzymes in soil filtrates (Pearson’s r = 0.71, p < 

0.05). Previous studies have also reported the accumulation of alkaline non-phytase 

phosphomonoesterases especially in the soil silt (2 – 63 µm) fraction (Kandeler et al., 1999; Kandeler 

et al., 2000). 

4.2 Substrate-limited hydrolysis of non-phytate phosphomonoesters in soil suspensions 

The substrate limitation of non-phytate phosphomonoester hydrolysis identified in soil suspensions 

(Figure 2a) could have several underlying explanations, including different rates of production of 

organic P substrates and enzymes by soil biota and plants, different stabilisation mechanisms in soil, 

and differences in enzymatic activity, as synthesized in Figure 3. 

Non-phytate phosphomonoesters such as sugar phosphates or cleavage products from phosphodiesters 

(e.g., nucleotides) are released into soil by both plants and microorganisms. We are not aware of 

available data on release rates of specific non-phytate phosphomonoesters into soil. However, 

phosphomonoesters (including both non-phytate and phytate monoesters) comprise only between 10 

and 30 % of organic P in different microorganisms (Magid et al., 1996; Bünemann et al., 2008), which 

after microbial death are likely released into soil. Similarly, studies using 31P NMR spectroscopy for 

organic P speciation have indicated relatively low concentrations of non-phytate phosphomonoesters in 

different crops (Noack et al., 2012; Noack et al., 2014). Taken together, these results suggest relatively 

low inputs of non-phytase phosphomonoesters into soil compared to other organic P compounds 

(Section 4.3). Stabilisation of non-phytate phosphomonoesters on the soil solid phase, controlled by the 

negative charge of the orthophosphate moiety enabling it to be adsorbed onto soil iron and aluminium 

hydroxyl-oxides, is similar to that of phosphodiesters (Celi and Barberis, 2005). As a result of 

comparatively low production and intermediate stabilisation, non-phytate phosphomonoesters may be 

available for enzymatic hydrolysis in soil suspensions only at low levels.  

Phosphatases are actively excreted by plants, and their production is stimulated by low available P 

concentrations in soil. Non-phytase phosphomonoesterases are the main enzyme class excreted by plants 

in many cases (Li et al., 1997; Hayes et al., 1999; Richardson et al., 2001). Microorganisms can also 

react to low P availability by active expression of phosphatases, and different bacterial phyla such as 

Acidobacteria, Actinobacteria, Cyanobacteria, Firmicutes, Planctomycetes, and Proteobacteria have 

been shown to harbour genes for expression of, e.g., PhoD and PhoX phosphatases (Ragot et al., 2016). 

Bacteria harbouring phosphatase genes are widespread in terrestrial ecosystems (Tan et al., 2013; Ragot 

et al., 2016), and microorganisms appear to produce non-phytase phosphomonoesterases at higher rates 

than other phosphatases (Renella et al., 2007). Phosphatases differ in their maximum enzyme activities 
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(Vmax), i.e., the rate of enzymatic substrate degradation under full substrate availability derived from 

Michaelis-Menten kinetics (Johnson and Goody, 2011). In a literature review, Hui et al. (2013) 

determined an average Vmax value of 5.32 µmol pNPg-1 h-1 for acid and 3.67 µmol pNPg-1 h-1 for alkaline 

non-phytase phosphomonoesterases. These are substantially higher than Vmax values of 

phosphodiestereases reported in several individual studies (Browman and Tabatabai, 1978; Sparling et 

al., 1986; Margesin and Schinner, 1994; Turner and Haygarth, 2005) or  activities reported for phytases 

in soil (Berry et al., 2011). In addition, non-phytase phosphomonoesterases appear to be more efficient 

in hydrolysing organic P compounds than phosphodiesterases (Allison et al., 2007) or phytases (Yadav 

and Tarafdar, 2003). The persistence of an enzyme (i.e., its resistance to degradation) further influences 

overall enzymatic activity in soil. Non-phytase phosphomonoesterases persist longer in soil than 

phosphodiesterases and phytases (George et al., 2007; Renella et al., 2007), likely due to the rather high 

resistance to degradation by soil proteolytic enzymes (Schimel et al., 2017) and by stabilisation on soil 

organo-mineral surfaces (Burns et al., 2013). We do not have data on the kinetics of phosphatase 

activities in our soils. Nevertheless, activities of non-phytate phosphomonoesterases in soil suspensions 

were much higher than activities of phytases and phosphodiesterases (Figure 2a; p ≤ 0.01, Kruskal-

Wallis test), suggesting substrate limitation of non-phytate phosphomonoester hydrolysis in soil 

suspensions. 

Using substrate-specific enzymes to determine non-phytase phosphomonoester substrate classes might 

lead to their underestimation, given the high availability of non-phytase phosphomonoesterases in the 

samples. The observed increase from MRPt0 to MRPt24 (Table 3) in the untreated samples suggests 

hydrolysis of MUP by soil-derived phosphomonoesterases during incubation. Similar observations have 

been made for soil solutions (Shand and Smith, 1997) and pre-concentrated soil leachates (Espinosa et 

al., 1999). Alternative methods such as mass spectroscopy (Cooper et al., 2005) should thus be 

considered for estimation of available organic P substrate in future studies.  

4.3 Enzyme-limited hydrolysis of phytate and phosphodiesters in soil suspensions 

Phytate is a major P storage compound in plants (Raboy, 1997) and thus enters soil together with 

phosphodiesters (as DNA, RNA or phospholipids) at relatively high rates (Magid et al., 1996; Noack et 

al., 2012). Given its higher charge density than other organic P compounds, phytate is strongly stabilised 

onto the soil solid phase (Ognalaga et al., 1994; Turner et al., 2002; Celi and Barberis, 2005), which 

should decrease its availability for enzymatic hydrolysis compared to other organic P compounds such 

as phosphodiesters. 

There is limited information on the production of phytases and phosphodiesterases by soil biota and 

plants. For example, two barley genotypes grown under sterile conditions had approximately 6 times 

lower root extracellular phosphodiesterase and phytase than non-phytase phosphomonoesterase activity 

(Asmar, 1997; Asmar and Gissel-Nielsen, 1997). Also for other plants, phytase activity was substantially 
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lower than activity of non-phytase phosphomonoesterases (Hayes et al., 1999; Richardson et al., 2000; 

Viveros et al., 2000; Richardson et al., 2001; Louw-Gaume et al., 2010), and several studies have 

reported that a significant release of phytase from plant roots was achieved only by genetic manipulation 

(Richardson et al., 2001; Zimmermann et al., 2003; George et al., 2005b; Xiao et al., 2005). While the 

activity of non-phytase phosphomonoesterase in roots of wetland plants was similar to that of 

phosphodiesterase (Rejmánková et al., 2011), it should be noted that the activity of phosphodiesterases 

can be easily overestimated by the presence of phosphomonoesterases when using artificial substrate 

for enzyme activity determinations (Sirová et al., 2013). With a few exceptions, microbes produce only 

intracellular phytases (Singh et al., 2018). Nevertheless, addition of phytase producing bacteria to model 

systems, i.e., plants grown on agar with an organic P source, was shown to strongly increase P 

availability from phytate for plants (Richardson et al., 2000). Taken together, these examples indicate 

that the active or passive release of phosphodiesterases and phytases into soil from both plants and 

microorganisms is quantitatively much lower than that of non-phytase phosphomonoesterases.  

The activities of phytases as well as their resistance to degradation appear to depend on their origins as 

well as on physical soil properties (George et al., 2007). Phytases get quickly adsorbed onto the soil 

solid phase after release into soil solution, where their activity is somewhat sustained (George et al., 

2005a; Giaveno et al., 2010). It is not known if similar factors determine the stability of 

phosphodiesterases, and if their activity can be sustained to some degree after stabilization on the soil 

solid phase. The slightly higher hydrolysis of model compound DNA than of phytate in soil suspensions 

(Figure 2) suggests that phosphodiesterases sustain slightly higher activity than phytases do after 

stabilization in soil.  

4.4 Implications for soil organic P accumulation and mineralization  

In a previous study (Jarosch et al., 2015), we applied enzyme addition assays to alkaline soil extracts 

(0.25 M sodium hydroxide (NaOH) and 0.05 M ethylenediaminetetraacetic acid (EDTA)) to  extract and 

characterise the bulk organic P in the same soils as used in the present study. Enzyme addition assays 

suggested that non-phytate phosphomonoesters comprised between 15 and 54% (mean 35%) of alkaline-

extractable organic P, which was less than phytate-like P (32 to 74%, mean 54%) but more than 

phosphodiester-like P (0 to 15%, mean 11%) (Jarosch et al., 2015). However, we did not find a 

significant correlation between organic P classes in NaOH-EDTA extracts and in soil:water filtrates or 

suspensions (Table 2, Table 3), respectively (supplementary material, Figure S4). This lack of a 

relationship may be explained by the fact that organic P classes in those regions of the soil relevant for 

immediate biological transformations such as enzymatic hydrolysis or microbial immobilisation (as 

approximated by the soil extraction with water) are different from those found in bulk soil (as 

approximated by the soil extraction with NaOH-EDTA). In particular, although significant amounts of 

non-phytate phosphomonoesters occur in bulk soil, their low occurrence in soil:water filtrates and 
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suspensions is in accordance with a lack of accumulation in places where they are affected by the high 

availability of non-phytase phosphomonoesterases. We speculate that either physical separation between 

substrate and enzyme (e.g. by inclusion into macromolecules or soil aggregates) or environmental 

conditions unfavourable for enzymatic hydrolysis (e.g., pH, temperature, drought, strong sorption onto 

mineral surfaces) are the main drivers for the accumulation of non-phytate phosphomonoesters in soil.  

Phytate accumulation in soil was previously explained by strong sorption and thus stabilisation on the 

soil solid phase (Ognalaga et al., 1994). The observed enzyme limitation for the hydrolysis of phytate 

in soil suspensions may additionally contribute to the stabilisation and accumulation of phytate in soil. 

In hydrolysis of phosphodiesters, we observed an enzyme limitation in soil:water suspensions (Figure 

2). Increased concentrations of phosphodiesters were observed in forest soils with low P-availability and 

a high phosphomonoesterase to phosphodiesterase activity ratio (Lang et al., 2017). Given a large 

production of phosphodiesters in soil (Figure 3), greater accumulation of these compounds could be 

expected, while in the alkaline-extractable organic P analysis of the soils used in this study 

phosphodiesters were the least abundant enzyme-labile organic P class (Jarosch et al., 2015). Again, we 

assume that this mismatch is explained by differences in extractability, and that characterisation of total 

organic P does not inform which organic P classes are available in soil P fractions such as soil:water 

suspensions, which are likely more relevant for biological transformations. Additionally, quantification 

of phosphodiesters in soil using 31P NMR spectroscopy still has some uncertainties due to 

phosphodiester degradation during soil extraction and/or subsequent analysis (Makarov et al., 2002; 

Jarosch et al., 2015).  

Turner (2008) suggested that plant species could specialise in the mobilisation of particular organic P 

compounds in soil to satisfy their P demand. In view of our findings, such a specialisation would be 

particularly useful to mobilise phytate and phosphodiesters, given the enzyme-limited hydrolysis of 

these organic P substrates in soil. Interestingly, the production of non-phytase phosphomonoesterases 

shows distinct spatial patterns in the rhizosphere, with higher activities of root and microbial acid non-

phytase phosphomonoesterases close to roots, and more homogeneous distribution in soil of solely 

microbial-derived alkaline non-phytase phosphomonoesterase (Spohn and Kuzyakov, 2013). Such 

spatial segregation may hold also true for other phosphatases. 

5. Conclusion 

Based on ten soils with different properties, origin and land use, the enzymatic hydrolysis of non-phytate 

phosphomonoesters such as sugar phosphates or nucleotides appears to be limited by availability of the 

specific organic P substrate and not by availability of the respective enzymes. In contrast, the hydrolysis 

of phytate and phosphodiesters appears to be limited by availability of enzymes. This implies that an 

active excretion of phytases and phosphodiesterases by biota is required to access these compounds as 
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P sources. These observed differences can be explained by higher production rates of non-phytase 

phosphomonoesterases (both constitutive and induced) by soil biota and by stronger stabilisation of non-

phytase phosphomonoesterases compared to other phosphatases in soil. The preferential accumulation 

of phytate over other organic P compounds in soil may be due not only to its strong stabilisation on the 

soil solid phase, but also due to the lack of phytase. Our findings also have implications for the 

characterisation of organic P in soil filtrates or soil suspensions using the enzyme addition approach, as 

indigenous non-phytase phosphomonoesterase activity may lead to an underestimation of monoester-

like P. Besides, since the characterization of MUP in soil suspensions using the enzyme addition 

approach was successful only in three soils, partly due to high detection limits, further refinement of the 

method is required. 
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8. Tables and Figures 

 

  

Table 1 Origin, land use and general properties of the 10 soils used in this study. For details of analysis and soil origin see Jarosch et al. (2015). 

Soil  Land use Soil origin Location pHH2O Texture Corg Ntot Ptot Porg
1 Porg/Ptot 

   Coordinates in DMS (WGS 84)  clay silt sand     ratio 

     --------------------- g kg-1 soil  --------------------- -----mg kg-1 soil----- % 

Alfisol (1) Grassland Australia 35°10’ 34.5” S; 149°02’ 37.5” E 5.3 102 356 541 16.4 1.4 250±11 59±4 24 

Cambisol (1) Grassland Switzerland 47°26'33.0"N; 8°40'51.3"E 7.7 215 258 527 38.5 3.7 1327±15 216±6 16 

Cambisol (2) Grassland Switzerland 46°38'29.282"N; 8°28'28.858"E 4.2 169 378 452 112.2 8.8 1560±54 1108±14 71 

Cambisol (3) Grassland Switzerland 47°26'44.5"N; 8°29'32.1"E 5.3 196 355 449 25.2 2.4 563±23 283±11 50 

Cambisol (4) Arable Switzerland 47°26'19.122"N; 8°31'34.4496"E 8.0 249 345 406 19.8 1.8 815±4 224±5 27 

Lixisol (1) Arable Burkina Faso 12°16' 46'' N; 2°9' 24''W 5.5 93 172 735 1.6 0.1 83±4 7±2 8 

Luvisol (1) Arable Switzerland 47°25'36.6"N; 8°31'08.0"E 5.5 127 257 617 8.2 0.8 516±2 139±10 27 

Luvisol (2) Arable Germany 54°3'41.47"N; 12°5'5.59''E 6.2 96 194 710 8.0 0.7 505±8 120±9 24 

Ferralsol (1) Grassland Colombia 1°29'20.4"N; -75°26'16.7"E 4.6 384 180 436 36.8 3.2 536±21 140±6 26 

Ferralsol (2) Arable Madagascar 19°33’36.1” S; 46°24’34.7” E 4.9 286 213 501 10.3 0.9 329±8 51±5 16 
 

1 in 0.25 M NaOH + 0.05 M EDTA extract 
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Table 2 Soil:water suspensions. Concentrations of total P, molybdate-reactive P (MRP), four molybdate-unreactive P (MUP) classes detected by 

addition of substrate specific enzymes and the respective detection limits (DL) and quantification limits (QL) for the MUP classes for each soil. 

Means ± standard deviation of two or three analytical replicates. 

Soil type Total P MRP MUP ---------------------------- MUP  ---------------------------- DL QL 

    Monoester-like P Phytate-like P Diester-like P   

 ------------------------------------------------------ mg kg-1  ------------------------------------------------------  

Alfisol (1) 8.9±1.4 3.1±0.1 5.9±1.3 nd nd nd 1.0±0.0 3.3±0.1 

Cambisol (1) 20.5±0.2 16.5±0.6 3.9±0.8 nd nd nd 4.3±0.9 14.2±3.1 

Cambisol (2) 48.8±3.5 21.0±0.7 27.8±2.9 nd nd nd 8.8±3.8 29.3±12.5 

Cambisol (3) 17.2±0.1 10.8±2.8 6.5±2.8 1.6±0.2 5.0±0.7 4.7±0.8 0.9±0.3 3.0±1.1 

Cambisol (4) 14.9±2.1 7.2±1.4 7.7±0.7 nd nd nd 5.7±2.1 19.0±7.1 

Lixisol (1) 0.9±0.4 1.0±0.2 0.2±0.2 nd nd nd 0.3±0.2 1.0±0.5 

Luvisol (1) 20.1±0.5 20.4±0.5 0.3±0.4 0.8±1.2 nd 1.0±0.4 1.2±0.2 3.9±0.7 

Luvisol (2) 15.6±1.0 12.7±0.4 2.9±1.1 nd nd nd 0.9±0.9 3.1±0.6 

Ferralsol (1) 24.1±0.5 11.6±0.8 12.5±0.4 1.0±0.2 nd 3.3±0.2 2.2±0.8 7.2±2.5 

Ferralsol (2) 1.4±0.5 1.1±0.0 0.4±0.4 nd nd nd 0.3±0.0 0.9±0.1 

 

nd = not detected 

 below DL 
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Table 3 Soil:water filtrates. Concentrations of total P, molybdate-reactive P (MRP), four molybdate-unreactive P (MUP) classes detected by addition of substrate 

specific enzymes and the respective detection limits (DL) and quantification limits (QL) for the MUP classes. Total P and MRP were determined after filtration of 

soil suspensions (t0) and after 24 h of incubation of filtrates in buffered solution (t24). Means ± standard deviation of two or three analytical replicates. Values in 

brackets are percentages of total MUPt24. 

 

Soil Total Pt0 MRPt0 Total Pt24 MRPt24 --------------------------------------------- MUPt24  --------------------------------------------- DL QL 

     Monoester-like P Phytate-like P Diester-like P Enzyme-stable P   

 ---------------------------------------------------------------------------------------------- mg kg-1  ---------------------------------------------------------------------------------------------- 

Alfisol (1) 1.61±0.06 0.25±0.03 1.40±0.28 0.46±0.00# 0.03±0.03 (3)  0.16±0.16 (18) 0.09±0.09 (9)  0.66±0.5 (70) 0.15±0.04 0.50±0.13 

Cambisol (1) 5.98±0.52 4.53±0.11 5.24±0.44 4.60±0.12 nd 0.24±0.17 (37)  nd 0.41±0.2 (63) 0.40±0.08 1.33±0.26 

Cambisol (2) 17.8±1.1 1.83±0.12 14.5±0.97# 7.76±0.14# 2.61±0.47 (39) 0.57±0.40 (8) 0.07±0.10 (1)  3.45±0.8 (51) 0.27±0.04 0.91±0.14 

Cambisol (3) 6.04±0.02 0.73±0.01 3.64±0.07# 1.63±0.01# nd 0.35±0.14 (17) 0.31±0.21 (15) 1.36±0.3 (68) 0.14±0.01 0.48±0.05 

Cambisol (4) 0.81±0.20 0.18±0.03 0.39±0.09 0.25±0.03 nd 0.16±0.16 (100)  nd nd 0.18±0.01 0.59±0.05 

Lixisol (1) 0.52±0.10 0.23±0.01 0.49±0.02 0.11±0.04 nd nd 0.04±0.04 (9)  0.35±0 (91) 0.18±0.02 0.59±0.07 

Luvisol (1) 3.15±0.09 2.32±0.07 2.73±0.25 2.22±0.06 nd 0.28±0.24 (55) nd 0.23±0.1 (45) 0.25±0.10 0.85±0.35 

Luvisol (2) 6.03±0.09 5.27±0.18 5.50±0.21# 5.26±0.23 nd 0.54±0.41 (100) nd nd 0.28±0.06 0.94±0.19 

Ferralsol (1) 0.61±0.31 0.21±0.06 0.71±0.03 0.21±0.06 0.04±0.04 (8) 0.14±0.14 (27)  nd 0.33±0.1 (65) 0.21±0.02 0.74±0.08 

Ferralsol (2) 0.14±0.00 nd 0.19±0.16 nd 0.05±0.05 (24) nd nd 0.14±0.0 (76) nd nd 

 

# = Significant difference (p < 0.05) between time point zero (t0) and time point 24 hours (t24) determined by t-test. 

nd = not detected 

 below DL 
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a) b) 
 

  

Figure 1 a) Soil enzyme availability (low – high) and substrate availability (low – high) jointly determine whether the mineralization of specific substrates is either 

substrate limited or enzyme limited. Dark-grey colours in the rectangle indicate strong limitations by one factor, while brighter colours indicate weaker or no 

limitation. b) Methodological approach to characterise i) the availability of specific organic P substrates by addition of substrate specific enzymes, ii) the availability 

of specific enzymes by addition of specific organic P substrates. Additionally, iii) a control for activity and/or inhibition of added enzymes together with the 

recovery of added hydrolysis product is included, with addition of specific enzymes and substrate in combination, while iv) background orthophosphate 

concentrations are assessed in the absence of added compounds. 

 

 

 

i) Sample indigenous organic P substrate 
available for enzymatic hydrolysis 

ii) Sample indigenous enzyme available for 
hydrolysis of organic P substrate 

iii) Control for activity/inhibition of added 
enzymes and recovery of hydrolysis product  

iv) Sample background ortho-P concentration 

Soil:water suspension 
or  
Soil:water filtrate 

Sample Added compound(s) Aimed quantification 

Enzyme 

Substrate 

Enzyme + 
Substrate 

no addition 
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Figure 2 Hydrolysis of organic P model compounds in the absence (Enzyme added - ) or presence (Enzyme added + )  of added enzymes in a) soil:water suspensions 

and b) soil:water filtrates. Each box plot is composed of the mean values (2 – 3 replicates each) of ten soils. The lower and upper hinge of each boxplot corresponds 

to the first and third quantiles, the line in the boxplot indicates the median value. Lower and upper whiskers extend to the lowest and highest value to 1.5 times the 

inter-quartile range (IQR), while points indicate values lower or higher to 1.5 times the IQR.  Model compounds used and respective enzymes added were glycerol 

phosphate (GP; a non-phytate phosphomonoester) + non-phytase phosphomonoesterase, phytic acid sodium salt hydrate (Ins6P; phytate phosphomonoester) + 

phytase and desoxyribonucleic acid (DNA, a phosphodiester) + phosphodiesterase in combination with non-phytase phosphomonoesterase. Asterisk (*) denotes 

significant differences between enzyme treated and untreated model compounds (p < 0.01, Kruskal-Wallis test). 
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Figure 3 Hydrolytic reaction for three organic P substrates and their respective hydrolysing enzymes and estimation of the relative proportion of factors influencing 

substrate availability and enzyme availability in soil:water suspensions. The importance of different factors (production, stabilization, maximum catalytic activity 

(Max.activ.) and resulting availability were derived from the present study as well as from the respective references in section 4.2 and section 4.3 Box sizes are an 

estimation of the relative effect size for each factor per column (low, medium, high); sizes do not directly equate to actual values. 
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